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Abstract: Biofilms, surface-attached communities of bacterial cells, are a concern in health 
and in industrial operations because of persistent infections, clogging of flows, and surface 
fouling. Extracellular matrices provide mechanical protection to biofilm-dwelling cells as well 
as protection from chemical insults, including antibiotics. Understanding how biofilm 
material properties arise from constituent matrix components and how these properties change 
in different environments is crucial for designing biofilm removal strategies. Here, using 
rheological characterization and surface analyses of Vibrio cholerae biofilms, we discover 
how extracellular polysaccharides, proteins, and cells function together to define biofilm 
mechanical and interfacial properties. Using insight gained from our measurements, we 
develop a facile capillary peeling technology to remove biofilms from surfaces or to transfer 
intact biofilms from one surface to another. We show that our findings are applicable to other 
biofilm-forming bacterial species and to multiple surfaces. Thus, our technology and the 
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understanding we have developed could potentially be employed to characterize and/or treat 
biofilm-related infections and industrial biofouling problems. 
  
Biofilms are surface-attached communities of bacteria that cause problems including 
medical infections, fouling, and clogging in industrial applications.[1] By contrast, beneficial 
biofilms are crucial in applications including waste-water treatment and microbial fuel cells.[2] 
To solve biofilm-related problems and to realize the potential of biofilm-promoting 
technologies, understanding of both the biological and physical properties of biofilms and 
how these properties inter-relate,[3] is necessary. Compared to the extensively studied 
biological components and regulatory networks responsible for biofilm formation,[4] how the 
material properties of biofilms are derived from the constituent biocomponents, and how 
biofilm mechanics change in response to environmental fluctuations are not understood.[5] 
Similar to synthetic hydrogels, biofilms are composed primarily of water (90%), yet they 
possess structural integrity and they protect biofilm-dwelling cells from external perturbations 
such as biocides, shear flows, phagocytosis, and invasion by other bacterial species.[5a, 6] 
Biofilm matrices are composed of extracellular polysaccharides, accessory proteins, and in 
some cases, extracellular DNA. Recently, mechanical properties of biofilms have been 
measured using rheological tools.[5c, 7] However, physical interpretation of biofilm rheological 
data is not straightforward due to the structural complexity of biofilms,[8] impeding the 
emergence of general mechanical principles for understanding, disrupting, or, more forward-
looking, designing biofilm materials.[9]  
The majority of investigations of biofilm material characteristics have focused on bulk 
biofilm properties, not on their surfaces. However, biofilm interfacial properties are crucial in 
driving their overall material responses,[10] particularly with respect to how biofilms will 
interact with underlying substrates. Understanding biofilm interfacial properties could lead to 
insights relevant to biofilm-related problems. For example, in the context of biofilm removal 
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via mechanical disruption, which is often the first strategy for treating biofilm infections in 
wounds and in some industrial applications,[5c, 11] to avoid leaving residual biofilm patches, it 
could be more desirable to detach entire biofilms from the substrate rather than to disrupt 
biofilms at the wound site or at the contaminated surface. In the language of mechanics, in 
some cases, inducing interfacial fracture between a biofilm and the substrate could be superior 
to inducing cohesive fracture within a biofilm. However, to successfully induce interfacial 
fracture, a deeper understanding of biofilm surface properties is needed.  
 Here, we use the model biofilm forming bacterium Vibrio cholerae, the causative agent 
of the pandemic disease cholera,[12] to investigate how biofilm material properties are 
determined by their components. Our measurements reveal V. cholerae biofilms to be soft 
viscoelastic solids similar to hydrogels, with surface polarity/hydrophobicity that depends on 
particular matrix components. We develop a capillary peeling method as a practical and 
efficient technique to remove biofilms from various surfaces via interfacial fracture. The 
capillary peeling technique also provides a means to measure the adhesion energy between 
biofilms and substrates, and, moreover, enables the easy transfer of intact biofilms from one 
surface to another without destroying their internal structures.  
To examine biofilm mechanics, we use a commonly studied immotile V. cholerae mutant 
that constitutively forms biofilms.[13] This strain is denoted wild type (WT). We grew V. 
cholerae biofilms on a soft nutritious substrate (LB medium solidified with different 
concentrations of agar, Figure 1a). To measure biofilm mechanical properties, we transferred 
the biofilm biomass to a shear rheometer (Figure 1a).[14] Oscillatory shear stresses were 
applied, and by measuring the resulting strains, we deduced the storage modulus  
(representative of the elastic, solid-like properties) and the loss modulus  (representative of 
the viscous, fluid-like properties) of the biofilm as a function of the amplitude of the 
oscillatory strain e.[15] Figure 1b shows that biofilms are viscoelastic solids, similar to 
hydrogels:[15-16] the biofilm possesses a shear modulus  that is ~10 times larger than . 
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Indeed, the measured  value is close to the value previously derived using classical 
hydrogel theory.[13b] The  curve features an initial plateau region in which the biofilm 
deforms elastically with increasing external stresses. The plateau region allows the definition 
of the plateau modulus of a biofilm, . Above a critical strain, referred to as the yield strain 
eY, the biofilm starts to yield with a dramatic decrease in . Concomitantly,  displays a 
peak signifying an increase in energy dissipation during the yielding process. All of these 
mechanical behaviors are analogous to those of hydrogels.[7a, 15-16] Consistent with this 
analogy, both  and of a biofilm show only slight frequency dependence in the linear 
viscoelastic regime (Figure S1).  
 
Figure 1. Rheological characterization of V. cholerae biofilms. a) Representative images of 
WT biofilms grown for two days on LB medium solidified with 0.6% agar (left) and 
following transfer to the lower plate of a rheometer (right). Scale bars: 1 cm. b) 
Representative storage modulus  and loss modulus  curves as a function of the 
amplitude of oscillatory shear strain e  measured for the biofilm sample in a. From the  
curves, plateau storage modulus  and yield strain eY (indicated by the vertical dotted line) 
were extracted for each biofilm. c) Measured , eY, and yield stress sY values, from left to 
right, for biofilms containing cells only (DrbmADbap1DrbmCDvpsL, white), cells and the 
vibrio polysaccharide (VPS) (DrbmADbap1DrbmC, red), and with RbmA (Dbap1DrbmC, 
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green), and with RbmC and Bap1 (DrbmA, blue), and with all the matrix components (WT, 
gray), respectively. All biofilms were grown for two days on LB medium solidified with 0.6% 
agar. Unpaired t-tests with Welch’s correction were performed for statistical analyses. NS 
denotes not significant; * denotes P < 0.05, ** denotes P < 0.01, **** denotes P < 0.0001. 
Error bars correspond to standard deviations with n = 3.  
 
To define the structural elements responsible for biofilm mechanics, we generated V. 
cholerae mutants lacking particular matrix components.[17] In V. cholerae, the vibrio 
polysaccharide (VPS), a hydrophilic polymer composed primarily of glucose and galactose 
and other minor building blocks,[18] serves as the main scaffold for the extracellular matrix.[19] 
The accessory protein RbmA connects neighboring cells by dimerizing and interacting with 
VPS through extensive surface hydrogen bonding.[20] Two other proteins with high homology, 
Bap1 and RbmC, perform partially redundant functions in which Bap1 more than RbmC is 
responsible for cell-surface adhesion and RbmC more than Bap1 provides additional 
crosslinks with the VPS.[21] We generated single, double, triple, and quadruple mutants to 
systematically investigate the distinct contribution of each matrix component to biofilm 
mechanics.   
We first present data for biofilms grown on the softest agar we tested (0.6%). Figure 1c 
shows the measured plateau modulus (left) and yield strain eY (middle) for each bacterial 
strain. The quadruple mutant DrbmADbap1DrbmCDvpsL (white) exhibits a low basal  (~ 
120 Pa) and eY (~ 0.1). Upon introduction of an unstructured extracellular matrix (i.e., VPS+), 
the DrbmADbap1DrbmC (red) strain displays a similar  to the quadruple mutant but 
possesses a significantly increased yield strain eY (~ 0.4). When the cell-cell linkage protein 
RbmA is present (Dbap1DrbmC strain, green), the biofilm shows increased elasticity (  ~ 
760 Pa), although at a cost of reduced eY (~ 0.1). On the other hand, in the DrbmA strain 
(blue), the presence of RbmC/Bap1 causes  to increase to ~ 590 Pa. Finally, the WT strain 
(gray) exhibits the highest , around 1 kPa with a small eY (~ 0.1). We also plotted the 
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yield stress sY as obtained by oscillatory stress sweeps, which indicates the maximum shear 
stress a biofilm can sustain before it begins to yield, for the WT and mutant biofilms (Figure 
1c, right). A monotonic increase in sY occurred as components are incorporated into the 
biofilm matrix, from ~ 10 Pa for the quadruple mutant biofilm to ~ 100 Pa for the WT biofilm. 
In nature, V. cholerae biofilms grow on sinking marine particles or on swimming organisms 
and so they are subjected to flow-induced shear stress.[22] Our results suggest that the flow 
environment could impose a selective pressure on V. cholerae to evolve multiple matrix 
components that enable the biofilms to withstand shear stress. 
 
 
Figure 2. Osmotic pressure affects the biofilm plateau modulus and the effect depends on 
particular matrix components. a) Schematic of the V. cholerae biofilm matrix components 
contributing to its mechanical properties. Yellow cylinders denote cells. Black curvy lines 
(left) denote cell surface LPS. Red wavy lines (right) denote VPS filling interstitial spaces. 
Blue dots (right bottom) denote the RbmC and Bap1 proteins that crosslink the VPS network. 
The green symbols (bottom left) denote RbmA proteins that connect neighboring cells. b) 
Shown from left to right are the plateau storage moduli  for biofilms containing cells only 
(DrbmADbap1DrbmCDvpsL, white), cells and VPS (DrbmADbap1DrbmC, red), and with 
RbmA (Dbap1DrbmC, green), and with RbmC and Bap1 (DrbmA, blue), and with all matrix 
p
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components (WT, gray), grown on medium solidified with the designated concentrations of 
agar, respectively. Error bars correspond to standard deviations with n = 3.   
 
We propose a dual network model to understand the mechanical properties of V. cholerae 
biofilms (Figure 2a). The key is the presence of two interacting networks, one composed of 
interconnected, stiff bacterial cells, and the other composed of soft secreted polymers. In the 
quadruple mutant, cells are in direct contact with one another, and we propose that 
neighboring cells interact weakly through their surface lipopolysaccharides (LPS) or other 
surface appendages such as pili.[23] Similar to colloidal gels with short-range attractions,[24] 
this cellular network is weak and yields at a relatively low strain, eY ~ 0.1. In the 
DrbmADbap1DrbmC biofilm that lacks accessory proteins but possesses the VPS 
polysaccharide, the VPS fills the spaces between neighboring cells and increases eY to ~ 0.4. 
Cells interact indirectly through the hydrogel network of the VPS, which can sustain larger 
deformations than the naked cells. However, our measurements show that the unstructured 
VPS does not increase the biofilm storage modulus, because the hydrogen-bond based 
interactions between individual polysaccharide chains are similar to those between individual 
LPS units.[25] To strengthen the biofilm, two strategies are employed. First, the polymer 
network is reinforced by cross-linking via RbmC/Bap1 (Figure 1c, blue).[21a, 26] Second, the 
cellular network is strengthened by enhancing the weak cell-cell interactions via crosslinking 
by RbmA.[20, 27] In the latter case, a stronger colloidal gel with short-range attractions 
forms,[24] and hence eY once again declines while  increases (Figure 1c, green). Note that 
the strengthening effect of RbmA depends on VPS and RbmC/Bap1 (Figure S2), suggesting 
that the two networks function together to fortify the V. cholerae biofilm. Indeed, the WT 
biofilm possesses both the cell-cell and polymeric networks so it exhibits the highest  (~ 1 
kPa), despite a small eY due to the short-range nature of RbmA-mediated cell-cell interactions. 
Future experiments investigating the rheology of purified matrix components will be 
p
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necessary to provide a molecular-level understanding of how the precise interactions between 
particular matrix components and between matrix components and cells drive macroscopic 
biofilm mechanics.   
Biofilm mechanical properties often depend on physicochemical conditions.[7c, 14, 28] This 
feature has often been attributed to biological responses to the environment, directed by gene 
expression changes. However, we hypothesized that the biofilm matrix, as a hydrogel, could 
physically respond to environmental changes, and hence alter biofilm mechanics, for example 
by swelling or deswelling in response to external osmotic pressure. Recently, we and others 
showed that the concentration of agar on which biofilms are grown controls biofilm growth 
primarily by dictating the osmotic pressure of the agar substrate.[13b, 29] Indeed, the biofilm 
matrix will either take up or lose water depending on the osmotic contrast between the biofilm 
and the agar, potentially altering the biofiom mechanics. Consistent with this reasoning, we 
demonstrate here a strong dependence of the biofilm modulus on the the concentration of agar 
in the substrate (Figure 2, Figure S3, and Table S1). Specifically, Figure 2b shows that the 
rheological properties of the quadruple mutant biofilm (white) are significantly affected by 
the agar concentration: the value of  declines appreciably with decreasing agar 
concentration (i.e., with higher osmotic contrast across the biofilm-agar interface,[13b, 29] see 
Figure S4). This trend holds for the DrbmADbap1DrbmC mutant (red) that possesses an 
unstructured, easily swollen VPS network lacking proteins that make crosslinks. Introducing 
RbmA-mediated cell-cell linkages (the Dbap1DrbmC strain, green) raises the overall  for 
all agar concentrations but does not mitigate the decrease in  that occurs upon swelling. 
By contrast, crosslinking the VPS network with RbmC/Bap1 eliminates the strong 
dependence of  on agar concentration as shown by the DrbmA biofilm (blue). Nonetheless, 
the overall  remains low (~ 400-700 Pa), suggesting that cell-cell connections are more 
effective in raising the biofilm modulus than are VPS crosslinks. Again, the WT biofilm, 
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containing the entire complement of matrix components (gray), displays properties of both 
strengthened networks: the overall  value remains high (~ 1 kPa) for all agar 
concentrations, and thus, is nearly independent of how the agar is affecting the osmotic 
pressure contrast. Such a doubly strengthened network structure is reminiscent qualitatively of 
recently developed tough synthetic gels.[7b, 30] From an evolutionary perspective, a robust 
mechanical response to the environment could be beneficial to V. cholerae, which transitions 
from sea water to fresh water to the human intestine.[12] The possibility exists that other 
physicochemical changes occur in the substrate (such as changes in surface stiffness or 
friction) as the agar concentration is changed that could also contribute to changes in biofilm 
mechanics.  
Our above anayses of biofilm bulk material characteristics reveal that the biofilm has 
hydrogel-like properties. This finding suggested to us a rationale that could underlie some of 
the difficulties encountered in thorough biofilm removal via mechanical perturbation. 
Specifically, hydrogels have low cohesiveness,[30] and hence, they easily break into pieces 
upon mechancial pertubation. That understanding insired us to imagine alternative strategies 
for biofilm removal that would enable biofilms to be detached, intact, from substrates. 
However, to achieve such interfacial fracture requires information about biofilm interfacial 
properties, and such data are generally lacking. To overcome this issue, we systematically 
characterized interfacial energies of V. cholerae biofilms with respect to air, liquids, and solid 
substrates.  
p
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Figure 3. Characterization of biofilm surface energies. a) Measured values of the polar ( ) 
and dispersion ( ) components of the surface energy ( ) for the designated V. cholerae 
biofilms grown for two days on 1.5% agar using the Owens-Wendt method.[39] b) 
Measurement of the surface energies of WT biofilms grown on medium containing the 
designated concentrations of agar, using the Zisman method.[40] The contact angles q for 
nonpolar liquids (CH2I2, CH2Br2, 1-methylnaphthalene, and 1-bromonaphthalene) on biofilms 
were measured and plotted against the surface energies of the liquids ( ) for different 
concentrations of agar. Linear extrapolation to cosq  = 1 gives the critical surface tension for 
wetting corresponding to the nonpolar component of the surface energy. The symbols 
designate measurements made for biofilms grown on LB medium solidified with the 
designated agar concentrations. c) Representative images showing preferential wetting of the 
WT biofilm by a polar (water) liquid and the Dbap1DrbmC mutant biofilm by a nonpolar 
(CH2I2) liquid, when both liquids were present on top of each biofilm. The green lines denote 
the interfaces between water and CH2I2. Scale bar: 1 mm. d) Measured biofilm-water 
interfacial energies  for biofilms grown on medium solidified with the designated 
concentrations of agar. Unpaired t-tests with Welch’s correction were performed for statistical 
analyses. NS stands for not significant. Error bars correspond to standard deviations with n = 
3.   
 
We first characterized the surface energy of a biofilm in air using the Owens-Wendt 
method (Figure 3a, Table S2, Supplementary Methods).[31] Surprisingly, despite a high water 
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content, the surface of the WT biofilm is highly nonpolar ( ~ 30 mJ m−2) with a negligible 
polar component (  ~ 0). We confirmed the magnitude of the nonpolar energy using the 
Zisman method,[32] which measures the contact angles of nonpolar fluids of different surface 
tensions on a surface, in this case the biofilm surface (Figure 3b). The quantified values are 
comparable between the two methods ( ~ 37 mJ m−2 for the Zisman method), and 
independent of the substrate agar concentration. Removal of Bap1 makes the biofilm surface 
become predominantly polar ( ~ 54 mJ m−2), identical to that of the surface of the DvpsL 
mutant. Indeed, an earlier report noted that V. cholerae biofilms are hydrophobic but become 
hydrophilic upon deletion of the bap1 gene.[33] Additional deletion of rbmC in the Dbap1 
strain further increases the polar nature of the biofilm surface (  ~ 60 mJ m−2). A vivid 
demonstration of biofilm polarity is shown in Figure 3c and Figure S5, in which a WT biofilm 
and a Dbap1DrbmC biofilm show differences in affinity for polar (water) and nonpolar 
(CH2I2) liquids. Hence, Bap1, and to a minor extent, RbmC, behave similarly to surfactant 
molecules that alter the surface energy of a material. Indeed, using the classic Young equation, 
the interfacial energy between a WT biofilm and water  was determined to be ~ 50-60 mJ 
m−2 (Figure 3d).   depends minimally on the agar concentration (Figure 3d), suggesting 
that interfacial energies are not influenced by the growth conditions of the biofilm. Finally, 
we note that deleting rbmA did not alter these measured values implying that cell-cell 
connections do not contribute to biofilm surface properties. 
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Figure 4. Measurement of the adhesion energy between a biofilm and a substrate (agar) using 
capillary peeling. a) Representative time-lapse images of the capillary peeling process. A 
green laser line illuminates the biofilm and the dye in the water. As the water level rises at a 
speed of 0.035 mm s−1, the biofilm is peeled off the agar substrate (agar = 0.6%). Scale bar: 3 
mm. b) Schematic of the capillary peeling process. The interfacial tension  between the 
water and the biofilm causes peeling of the biofilm from the substrate, with a constant peeling 
angle qP. Г denotes the adhesion energy (energy area−1) between the biofilm and the agar 
substrate. c,d) Peeling angle qP and Г, respectively, as a function of agar concentration. e) 
Successful peeling as a function of peeling velocity (Vpeel). Fourteen biofilms were tested at 
each peeling velocity. The success rate is defined as the ratio between the number of 
completely removed biofilms and the total number of biofilms. f) Biofilm morphology before 
(upper) and after (lower) capillary peeling and transfer. Scale bar: 5 mm.  
 
As alluded to above, being able to completely remove biofilms has been a challenging 
goal in medicine and industry. Knowing the hydrophobic nature of V. cholerae biofilms, 
coupled with the above description of their hydrogel-like bulk properties, put us in a position 
fw
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to exploit a simple technique, previously developed by our group, to peel thin hydrophobic 
films off of hydrophilic substrates using capillary forces.[34] When the carrier substrate of a 
thin hydrophobic film is slowly dipped into water, the air-water contact line, pinned at the 
edge of the film on the substrate, initiates a crack and leads to the peeling of the film, 
provided that penetration of water into the crack is energetically favorable. Applying this 
technique to a WT V. cholerae biofilm allowed us to peel the biofilm off the agar substrate 
(Figure 4a, Figure S6, Video S1). Moreover, during the peeling process, a constant peeling 
angle qp developed at the triple contact point between the biofilm, the agar substrate, and the 
water (Figure 4b). An energy balance leads to , in which Γ is the minimum 
effective mechanical energy (per unit area) required to separate the biofilm from the substrate 
if no other dissipation mechanism exists.[34-35] Here, we minimized the energy dissipation 
through viscous effects by performing the peeling at very low speeds.[34] Therefore, capillary 
peeling, beyond removing the biofilm, provides a way to determine Γ by measuring qp. We 
determined qp experimentally for each agar concentration, and we found a small positive 
correlation (Figure 4c). This method yields Γ values on the order of 4-7 mJ m−2 that depend 
only modestly on agar concentration (Figure 4d).  
To demonstrate the thoroughness of biofilm removal using capillary peeling, we imaged 
live and dead cells in the biofilm before and after peeling (Figure S7). Most of the live cells 
were removed from the agar substrate, while some dead cells remained, primarily at the 
location that harbored the original central core of the biofilm where significant cell death 
occurs during biofilm growth.[13b, 36] Therefore, we suggest that the capillary peeling process 
could fulfill an unmet need for biofilm removal because it causes interfacial fracture at the 
biofilm-substrate interface rather than cohesive fracture within the biofilm. To establish 
optimum conditions for capillary peeling, we scanned different peeling velocities Vpeel and 
found that the success rate of peeling decreases with increasing Vpeel above a threshold value 
fw p(1 cos )g qG = -
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around 0.1 mm s−1 (Figure 4e). This observation confirms the quasi-equilibrium nature of the 
capillary peeling process. If Vpeel is too high, water passes over the edge of the biofilm and 
traps the system in a high-energy configuration. 
 This simple capillary peelling technique can be applied to other biofilm-forming 
bacterial species and other surfaces. As a proof of concept, we successfully peeled 
Pseudomonas aeruginosa biofilms from agar substrates (Figure S8). Moreover, we used the 
capillary peeling procedure to remove biofilms grown on a variety of surfaces, ranging from 
paper, to semi-permeable membranes, to metal (Figure S9). For biofilms grown at an air-solid 
interface, the only requirement for the capillary peeling method to be successful is that the 
biofilm and the substrate must be of opposite polarities (i.e. one hydrophobic and one 
hydrophilic) since the contact line must be pinned at the film edge so as to produce a force 
when the film moves relative to the fluid bath.[34] 
Due to the gentle nature of the capillary peeling process, the peeled biofilm remains intact 
and floats on the liquid used for peeling (Figure 4a, Video S1). Therefore, in situations in 
which biofilms need to be grown on one surface and transferred to another, the capillary 
peeling method provides a convenient option. Indeed, using a substrate with a lower surface 
energy (untreated glass in this case), the floating biofilm can be picked up without changing 
its morphology apart from modest swelling (Figure 4f).  
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Figure 5. Application of the biofilm transfer technique. a) Schematic of biofilm transfer 
procedures. Yellow denotes agar. Red denotes the biofilm. Blue denotes water. Gray denotes 
the glass receiving surface. The black lines highlight the bottoms of the biofilms. The solid 
arrows indicate the direction of motion of the glass, which is the receiving surface. b) High-
resolution imaging of the top (upper) and bottom (lower) of the WT V. cholerae biofilm 
architecture imaged through the glass coverslips used for pick-up. Cells constitutively express 
mKate2 from the chromosome. Arrows indicate the direction of the corresponding glass 
motion during the picking-up step in (a).  Scale bar: 5 µm. c) Percent survival of cells grown 
planktonically, either to stationary phase (S) or to exponential phase (E), or of cells grown in 
biofilms, peeled off the surface, and subsequently subjected to 1 h treatment with 50 µg mL−1 
tetracycline in three different configurations: floated, submerged, or submerged as dirupted 
pieces. NS stands for not significant; * denotes P < 0.05, ** denotes P < 0.01, *** denotes P < 
0.001. Error bars correspond to standard deviations with n = 4. An agar concentration of 0.6% 
was used for all experiments in this figure. 
 
We provide two examples to demonstrate the utility of the biofilm transfer technique. 
First, we imaged the internal structure of a living, peeled biofilm grown at an air-solid 
interface with single-cell resolution (Figure 5a,b), a useful but heretofor inaccessible 
operation in biofilm research. Moreover, by reversing the dipping direction of the receiving 
glass substrate, that is by picking up the floating biofilm from each side, we can image the top 
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and bottom of the biofilm, respectively (Figure 5a,b). The bottom layer possesses patches of 
cells with low fluorescence intensities. In the top layer, by contrast, cells possess strong 
fluorescence and pack densely. The contrast in the internal structures of the top and bottom of 
the biofilm likely reflects the oxygen gradient present in the original biofilm.[37] 
 As a second example of the applicability of the capillary peeling method, we peeled 
biofilms off of agar substrates and floated them on liquid medium containing 50 µg mL−1 
tetracycline, an antibiotic used to treat clinical V. cholerae infections.[38] We compared 
survival of the floating biofilm cells after 1 h of antibiotic treatment to that of isogenic cells 
that were grown planktonically to exponential or stationary phase (Figure 5c). Cells in the 
floating biofilm were significantly more resistant to antibiotic treatment (percent survival 
Sbiofilm ~ 80%) than planktonically-grown cells (Sexponential phase = 6%, Sstationary phase = 21%). To 
understand whether the increased antibiotic tolerance is due to a biofilm-specific 
physiological state or due to the spatial structure of the biofilm, we disrupted the floating 
biofilm immediately prior to antibiotic treatment and repeated the assay (Figure S10, 
Methods). This treatment caused Sbiofilm to decrease over three-fold (to 24%) to nearly the 
level of the stationary phase planktonic cells. This result indicates that the biofilm spatial 
structure, rather than some biofilm-specific cellular state,[39] is responsible for increased 
tolerance to antibiotics. Indeed, the effectiveness of antibiotic treatment tracked with the 
amount of surface area the biofilm had in contact with the antibiotic-containing medium: if 
the floated biofilm was submerged in the antibiotic-containing medium so that tetracyline 
could diffuse in from both sides of the biofilm, Sbiofilm declines to an intermediate level (~ 
57%). Consistent with this observation, using live-dead staining, we observed that cells close 
to the antibiotic-containing medium were mostly dead while cells in the biofilm interior 
showed higher survival (Figure S10). Future experiments including visualization of the 
distribution of antibiotic molecules throughout the biofilm could reveal the underlying 
mechanism of the increased antibiotic resistance of biofilm cells.[40]  
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Currently the capillary peeling method is limited to biofilms that have been grown 
statically at an air-solid interface, which provides the necessary means for an external liquid 
to come into contact with the biofilms and initiate the peeling process. Going forward, we 
envision two potential strategies to remove biofilms grown under liquids. First, if submerged 
biofilms could be dried out, the same capillary peeling method should apply. Second, the 
capillary peeling method hints at the general possibility of exploiting interfacial energies to 
remove biofilms from surfaces. Hence, we expect that introducing air bubbles into the 
medium could potentially generate similar triple contact points and thus remove biofilms that 
have been grown under liquid.[41] 
We envision a variety of applications for the capillary peeling technique. For example, in 
biofilm infections in wounds, applying appropriate fluids to slowly detach the infectious 
biofilm could possibly be used instead of the common practice of mechanical debridement.[5c] 
This technique could also facilitate basic research investigations. For example, it is difficult to 
study biofilm-host interactions in vitro due to problems encountered in growing host cells and 
biofilms together under laboratory conditions.[42] The capillary peeling technique could enable 
scientists to grow the bacterial and host cells separately and bring them into contact at the 
time of choosing. Also in terms of fundamental biofilm studies, the capillary peeling process 
yields a convenient measurement of the adhesion energy Γ between a biofilm and a substrate. 
An alternative method for measurement of bulk biofilm adhesion energy is a 
micromanipulation method that involves scraping biofilms off substrates and integrating the 
forces measured during scraping.[11, 43] However, such measurements are confounded by the 
significant energy dissipation caused by friction and deformation, rather than detachment of 
the biofilm. Therefore, such measures suffer from overestimation of the adhesion energy. 
Indeed, our measured Γ value of ~ 4-7 mJ m−2 is an order of magnitude lower than values 
reported with the scraping method. We argue that we are measuring the actual, close-to-
equilibrium work of adhesion between a biofilm and a substrate.  
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To conclude, we used V. cholerae as a model biofilm former to systematically reveal 
connections between bulk rheological and interfacial biofilm properties, the biocomponents 
that make up the biofilm material, and relevant external conditions. We discovered V. 
cholerae biofilms to be soft, hydrophobic materials possessing a dual-network, internal 
structure with surface polarity that can be tuned by altering the matrix composition. Our 
discovery of a dual-network structure should allow biofilms to be used as materials for 
bioengineering, as the strength and chemistry of both the cellular and the polymer networks 
can be independently manipulated. The understanding gained here also points to new design 
approaches to disrupt or enhance biofilms by targeting specific components in the biofilm 
matrix. Finally, we demonstrated capillary peeling as a simple method to measure the 
adhesion energy and to remove and/or transfer intact biofilms, steps which are otherwise 
difficult. The capillary peeling technique can be integrated into current or future treatments of 
biofilm-related infections and industrial processes. 
 
Experimental Section 
Strains and media:  All V. cholerae strains used in this study are derivatives of the wild-type 
Vibrio cholerae O1 biovar El Tor strain C6706, harboring a missense mutation in the vpvC 
gene (VpvC W240R).[13a]  This mutation causes V. cholerae cells to have elevated c-di-GMP 
level and to constitutively produce biofilms. Additional mutations were engineered into this 
strain using Escherichia coli S17 λpir carrying pKAS32. All P. aeruginosa strains used in this 
study are derivatives of the wild-type PA14 strain. Mutants were constructed using 
established procedures.[44] A strain list is provided in Table S3. All strains were grown in LB 
medium at 37°C with shaking. When designated, fresh lysogeny broth (LB) medium 
solidified with different percentages of agar was used. To measure the osmotic pressure of 
agar substrates, dextran  solutions were prepared by adding dextran powder (1500–2800 kDa, 
Sigma-Aldrich) to LB medium followed by shaking at 30 °C overnight.  
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Microscopy: Transmission images were taken with a home-built setup consisting of an LED 
illumination pad (Huion) and a Nikon D3300 camera equipped with a macrolens (Sigma). 
Fluorescence images were obtained using a Leica stereoscope with GFP and mCherry filter 
sets or with no filter (reflection mode). High-resolution confocal images were acquired with a 
Yokogawa CSU-X1 confocal spinning disk unit mounted on a Nikon Ti-E inverted 
microscope, using a 60× water objective with a numerical aperture of 1.2 plus a 1.5× post-
magnification lens and an Andor iXon 897 EMCCD camera. A 591 nm laser (OEM DPSS) 
was used to excite cells expressing mKate2 as well as to visualize dead cells stained with 
propidium iodide. A 488 nm laser was used to excite live cells stained with Syto9 
(ThermoFisher).  
 
Biofilm growth on agar plates: V. cholerae strains were streaked on LB plates containing 
1.5% agar and grown at 37°C overnight. Individual colonies were inoculated into 3 mL of LB 
liquid medium containing glass beads, and the cultures were grown with shaking at 37°C to 
mid-exponential phase (5-6 h). Subsequently, the cells in the cultures were mixed by vortex, 
OD600 was measured, and the cultures were back diluted to an OD600 of 0.5. 1 µL of this 
inoculum was spotted onto pre-warmed agar plates (100 mm) solidified with different 
percentages of agar. For contact angle measurements, 50 µL of this inoculum was applied to 
an agar plate and spread with glass beads to enable growth of a biofilm covering the entire 
plate. Plates were incubated at 37°C for two days. For capillary peeling experiments, two to 
four colonies were grown per plate. For rheological measurements, seven colonies were 
grown per plate for agar concentrations of 0.8% or lower, and sixteen colonies were grown 
per plate for agar concentrations of 1.0% or 1.5%. Fifteen plates were prepared for each 
rheological measurement. For P. aeruginosa biofilms, 2 µL of overnight cultures of WT P. 
aeruginosa PA14 and mutant strains were spotted onto 60 x 15 mm Petri plates containing 10 
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mL of  1% TB medium fortified with 40 mg/L Congo red and 20 mg/L Coomassie brilliant 
blue dyes and solidified with 1% agar. P. aeruginosa biofilms were grown at 25°C and 
images were acquired after 120 h. 
 
Biofilm growth on non-agar substrates: In the case of biofilms grown on paper or on 
stainlesss steel, two pieces of 3×3 cm paper (Whatman) or sheets of 304 stainless steel mesh 
(McMaster, # 500 × 500) were pre-sterilized with ethanol and placed on top of an agar plate 
(0.6%). 1 µL of inoculant prepared according to the method described above was spotted onto 
the paper/stainless steel mesh, and the plate was incubated at 37°C overnight. In the case of 
biofilms grown on a semi-permeable membrane, the inoculant was spotted onto EMD 
Millipore, VSWP04700 semi-permeable membranes that had been placed on top of the agar, 
and the plate was incubated at 37°C for 2 days. 
 
Rheology: All rheological measurements were performed with a stress-controlled Anton Paar 
Physica MCR 301 rheometer at 37°C. For each measurement, 100-240 colonies were 
collected with a pipette tip or a razor blade and transferred onto the lower plate of the 
rheometer. After sandwiching the biofilms between the upper and lower plates with a gap size 
of 0.5 mm, silicone oil (5 cSt at 25°C, Sigma Aldrich) was applied to surround the biofilm to 
avoid evaporation. We confirmed that the silicone oil did not affect the measurement result. 
Sandblasted surfaces were used for both the upper and lower plates to avoid slippage at the 
boundary. Oscillatory shear tests were performed. During amplitude sweeps, a strain range of 
0.01 – 2000% was scanned at a fixed frequency of 6.28 rad s−1. During frequency sweeps, a 
range of 0.1 to 200 rad s−1 was scanned at a fixed strain of 1% (in the linear viscoelastic 
regime). Segmented linear fittings were applied to  curves on a log-log scale. The strain 
value at which the two linear lines intersect is defined as eY. varies minimally in the 
'( )! e
!!
     
21 
 
plateau region. We used the fitted value at e = 1% as .[14] Three biological replicates 
were performed for each bacterial strain under each osmotic condition.  
 
Contact angle and surface energy measurements: Side views of biofilm-liquid interfaces were 
recorded with a Nikon camera (D3300) equipped with a macrolens (Sigma). For all nonpolar 
liquids, the static sessile drop method was used, in which a 1 µL droplet was gently deposited 
onto the biofilm and subsequently imaged. For water, to overcome uptake of water by the 
underlying biofilm/agar, we used a dynamic sessile drop method. Water was slowly added to 
the surface by a syringe pump, and the advancing contact angle was measured to approximate 
the equilibrium contact angle. The contact angle q was extracted using the Droplet_Analysis 
plugin in ImageJ. We used two methods to calculate the biofilm-air surface energy . In the 
Owens-Wendt method,[31] the contact angles of water and CH2I2 on biofilms were measured 
and, by knowing the dispersion (nonpolar) and polar components of the surface energies of 
the liquids, two linear equations can be written to solve for the polar and dispersion  
portions of the total biofilm surface energy . In the Zisman method,[32] we measured the 
contact angles q of four different nonpolar liquids (CH2I2, CH2Br2, 1-methylnaphthalene, and 
1-bromonaphthalene, all from Sigma Aldrich) on the biofilm. Plotting their surface tensions  
versus cosq  (Figure 3b) resulted in a straight line. Linear extrapolation to cosq  = 1, yielded 
the critical surface tension of wetting as an approximation for . Once was determined, 
 was calculated using the Young equation .  
 
Peeling angle measurements: A piece of agar (~ 2 cm × 2 cm) on which a biofilm was grown 
for two days was transferred onto a 1×3 inch glass, and secured with a clamp. The setup was 
attached vertically to a stationary stand. Underneath the biofilm, a water bath containing 
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Rhodamine B was placed on a translational stage (Thorlabs) and moved upward with a 
controlled velocity to initiate peeling. A cylindrical lens (Thorlabs) was mounted on a 543 nm 
laser (BioRay) to generate a laser sheet that illuminated the biofilm from the side. The peeling 
process was recorded with a Nikon camera at a 90° angle. Peeling angles were measured 
manually using the Nikon Element software at five time points and averaged. Three biological 
replicates were performed for each condition.   
 
Biofilm removal and transfer: For biofilms grown directly on agar plates, the entire agar plate 
was slowly dipped into water. For biofilms grown on other surfaces, each piece of 
paper/membrane/stainless steel mesh was individually dipped into water. The biofilm was 
peeled off of the substrate and floated at the water-air interface. Subsequently, an untreated 
coverslip was dipped into water to pick up the floated biofilm. Before and immediately after 
transfer, the biofilm and the original substrate were imaged with a Leica Stereoscope or with a 
Nikon camera. SytoX green nucleic acid stain (ThermoFisher) was added to the agar at 5 µg 
mL−1 to label dead cells. Live cells constitutively express mKate2.  
 
Antibiotic killing assay: The killing assay is adapted and modified from Ref. [19] and Ref. [40a]. 
First, pieces of agar (~ 2 cm × 2 cm) on which biofilms were grown for two days were 
transferred onto a 1×3 inch glass. These setups were vertically dipped into 50 mL Corning 
conical tubes containing 25 mL of liquid LB medium and glass beads. The biofilms were 
gently peeled off of the agar substrates and floated at the air-liquid interfaces. The LB 
medium either contained or lacked 50 µg mL-1 of tetracycline. The conical tubes were left at 
37° for 1 h, and subsequently, vigorously mixed by vortex for 1 min. 1 mL of the suspensions 
were transferred to Eppendorf tubes containing small glass beads (acid-washed, 425–500 μm, 
Sigma), mixed by vortex for 1 min, and serially diluted onto LB plates. The LB plates were 
incubated overnight in 37° and, subsequently, assessed for colony forming units (CFU). The 
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ratios between CFUs with and without tetracycline treatment were defined as the percent 
survival. The identical procedure was used for experiments with submerged biofilms except 
that, immediately after the biofilm was peeled off of the agar substrate, the biofilm was gently 
pushed completely into the antibiotic-containing medium. For experiments using disrupted 
biofilms, the conical tube containing the peeled biofilm was agitated by vigorous vortex for 1 
min prior to antibiotic treatment. In experiments involving planktonic cells, the cells were 
grown to mid-exponential (5 h) or stationary (12 h) phase in liquid LB medium at 37°. 
Subsequently, the cultures were diluted 100-fold into LB medium with or without tetracycline. 
The final culture densities were adjusted to make it so that planktonically-grown and biofilm-
grown cell densities were comparable. 
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The table of contents entry: Bacterial biofilms cause serious problems in health and in 
industrial operations. Using rheological characterization and surface analyses of Vibrio 
cholerae biofilms, we discover how extracellular polysaccharides, proteins, and cells function 
together to define biofilm mechanical and interfacial properties. We further develop a facile 
capillary peeling technology to remove biofilms from surfaces or to transfer intact biofilms 
from one surface to another. 
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